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Abstract: The asymmetric biraphid pennate diatom Amphora copulata, isolated from tropical coastal
waters (South China Sea, Malaysia), was cultured for renewable production of lipids (oils) in a
medium comprised of inorganic nutrients dissolved in dilute palm oil mill effluent (POME). Optimal
levels of nitrate, phosphate, and silicate were identified for maximizing the biomass concentration in
batch cultures conducted at 25 ± 2 ◦C under an irradiance of 130 µmol m−2 s−1 with a 16 h/8 h light-
dark cycle. The maximum lipid content in the biomass harvested after 15-days was 39.5 ± 4.5% by dry
weight in a POME-based medium with optimal levels of nitrate, phosphate, and silicate. Under the
optimized conditions the maximum dry mass concentration of the diatom was 660 mg L−1 on day 12,
declining to ~650 mg L−1 on day 15. For the 15-day batch operation, the final average productivities
of the biomass and the lipids were 43.3 ± 4.5 mg L−1 d−1 and 17.1 ± 0.3 mg L−1 d−1, respectively.
The fatty acids in the diatom lipids were found to be (%, w/w of total lipids): palmitoleic acid (39.8%),
palmitic acid (31.9%), myristic acid (6.8%), oleic acid (4.7%), stearic acid (4.5%), arachidonic acid
(3.9%), eicosapentaenoic acid (3.6%), linoleic acid (2.5%), tetracosanoic acid (1.7%), and linolenic
acid (0.6%).
Keywords: Amphora copulata; diatom; lipids; palm oil mill effluent; algal oil
1. Introduction
Diatoms have the potential to provide commercially useful lipids [1–9]. This work is
concerned with biomass and lipid production by a newly isolated diatom grown in media
formulated with palm oil mill effluent (POME), a cheap and readily available source of key
nutrients. Diatoms (class Bacillariophyceae) are distinguished from other microalgae by
their hard hydrated amorphous silicon dioxide (SiO2, silica) cell wall, or frustule, which
incorporates various organic components. The frustule consists of two halves: the smaller
half, or hypotheca, fits into the larger epitheca, as a petri dish and its lid. The large flat
upper and lower faces of the thecae comprise the two valves whereas the peripheral region
where the thecae overlap comprises the gridle bands [10]. Distinct markings on the surfaces
of the valves are known as striae. Running along the middle of the thecae are longitudinal
slits known as raphe. These morphological features are distinct in different diatoms and
are a robust basis of identification of species [10–12].
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Diatoms occur in freshwater as well as marine and brackish waters [10]. Diatoms
generally photosynthesize, but some can also grow heterotrophically using dissolved
organic carbon as an energy source in the dark [13]. Mixotrophic growth using both a
combination of light and organic carbon may also occur [14,15]. Heterotrophy is common
among pennate diatoms such as Amphora spp. [16–21], but not all diatoms are heterotrophic.
Compared to other microalgae, diatoms generally grow more rapidly [22], possibly because
their silicic cell wall requires less energy to synthesize relative to organic walls.
Although green microalgae and diatoms are well known producers of lipids [1–9],
only a few species are used commercially [23–31]. Triglyceride lipids from microalgae can
be converted to biodiesel [31,32] just like the triglycerides from animals and plants, but
algal biodiesel is prohibitively expensive because of the high cost of growing and extracting
the algae [33,34]. Low-cost production of oils from algae requires species that can be grown
rapidly under variable environmental conditions (e.g., light levels, temperature, salinity)
using inexpensive culture media. Algal oils can be used in foods, feeds, cosmetics, and
as feedstocks for producing high-value products, but not biofuels [35,36]. Contrary to
numerous claims, algae, and diatoms do not sequester atmospheric carbon in practicable
ways to reduce the carbon burden of the environment [37,38].
Algal culture media formulated using certain agroindustrial wastewaters can reduce
the cost of production by reducing the need for high-grade water. Wastewater generated
by the oil palm industry is an example of the water that can be used [4,39–41]. Palm oil is
the most widely consumed vegetable oil. It is commonly used for manufacture of soaps
and detergents. Palm oil mill effluent (POME) is a nutrients-rich wastewater generated as a
by-product of palm oil production. Between 2.5 and 3.5 metric tons of POME is generated
for each ton of crude palm oil extracted from the fresh fruit [42]. POME contains high
levels of dissolved organics [43] as well as some inorganic nutrients. In view of its nutrient
contents, POME is a potential resource with diverse possible uses [42–44], but is poorly
managed and remains an important contributor to water pollution [42]. Many microalgae
have been grown in media formulated with POME [4,9,39–41].
Lipid content of the diatom biomass is influenced by multiple factors including the
concentrations of the key nutrients, especially nitrate (NO−3 ), phosphate (PO
3−
4 ), and silicate
(SiO2−3 ) in the culture medium [2,4,45]. In addition, environmental factors influence growth
and lipid production [2,45]. The present work reports on isolation and identification of
a barely known diatom from tropical coastal waters of peninsular Malaysia. Biomass
and lipid production of the isolate are characterized in POME-based culture media for
possible use in large-scale commercial production. Diluted POME, supplemented with
low levels of nitrate, phosphate and silicate, was used to minimize the cost of the culture
medium. Suitable concentrations of nitrate, phosphate and silicate were identified by
stepwise variation of individual concentrations [46], to maximize biomass growth without
providing an excess of a nutrient. The initial levels of one or more of the mentioned
inorganic nutrients were intended to be just sufficient to maximize biomass growth for
the light available. This strategy was designed to assure nutrient-limitation, or starvation,
towards the end of a batch culture because lipid accumulation in the biomass post growth
is generally maximized under starvation levels of at least one of the mentioned inorganic
nutrients [2,4,5,11,46,47]. Microorganisms grown using cheap wastewater-based media, are
potentially renewable sources of commercially useful oils and other precursor chemicals.
This hypothesis drove the present investigation of lipid production using a combination
of POME-based media and a novel diatom isolate. Lipid production and characterization
have not been previously reported for the specific diatom isolated in the present study.
Diatom oil produced in the present work is shown to have a similar composition to palm
oil. Therefore, in principle, production of diatom oils could be further developed to replace
palm oil in at least some applications to reduce deforestation and other ecological impacts
associated with palm oil.
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2. Materials and Methods
2.1. Sample Collection, Isolation, Identification, and Screening
Microalgae samples were collected from coastal waters in the vicinity of Sungai Baluk
river estuary (3◦93.793′ N, 103◦37.694′ E) East Coast region of Peninsular Malaysia, in June,
2019. A plankton net (5 µm openings) was used at the subsurface level for collecting 1 L
water samples [4]. The water temperature at collection point was 28 ◦C.
The water samples were filtered (Whatman® filter paper, 0.45 µm pore size) and
the retained material was recovered by washing off the filter surface with 500 mL sterile
freshwater. The microalgae in this suspension were cleaned and isolated as explained by
Hendey [48]. Briefly, a sterile inoculation loop was contacted with the recovered suspension,
streaked on an f/2 agar plate and incubated for 12 h at room temperature (~25 ◦C) under
standard laboratory lighting (15 µmol photons m−2 s−1). Cells from individual colonies
were examined under a fluorescence microscope (Olympus BX53 fluorescence microscope;
Olympus, Tokyo, Japan) and further imaged by scanning electron microscopy (SEM, Jeol
JSM-6610 LV SEM; JEOL USA, Inc., Peabody, MA, USA) for distinguishing morphological
features [10,48–51].
The isolated microalgae were identified with reference to standard manuals [10,48,51].
A total of 21 microalgae species were isolated and identified [4]. Of these, a diatom was
selected for further work because it grew rapidly, accumulated a relatively high level of
lipids in the biomass and had not been studied before.
2.2. Diatom Preculture
The diatom was precultured aseptically by suspending in 200 mL f/2 medium in
250 mL Erlenmeyer flasks. The standard f/2 medium comprised of the following (per liter
of filtered seawater): 75 mg NaNO3, 5 mg NaH2PO4·H2O, 30 mg Na2SiO3·9H2O, 1 mL of a
trace metals solution and 0.5 mL of a vitamin solution. The trace metals solution contained
the following per L of deionized water: 3.15 mg FeCl3·6H2O, 4.36 mg Na2EDTA·2H2O,
9.8 mg CuSO4·5H2O, 6.3 mg Na2MoO4·2H2O, 22.0 mg ZnSO4·7H2O, 10.0 mg CoCl2·6H2O,
and 180 mg MnCl2·4H2O [4]. The trace vitamins solution contained the following per L
of deionized water: 0.1 mg thiamine HCl, 0.5 µg biotin, and 0.5 µg cyanocobalamin. The
seawater for the medium had been taken from the coast of Kuantan, Peninsular Malaysia,
in June 2019.
The culture flasks were continuously bubbled with filter-sterilized air mixed with 5%
(vol/vol) carbon dioxide. The flow rate of the aeration mixture was 75 mL min−1 at normal
temperature and pressure [4]. The incubation temperature was 25 ± 2 ◦C. The flasks were
held under fluorescent light with an irradiance level of 35 µmol m−2 s−1 at the surface of
the flasks and a 12 h/12 h light-dark cycle.
2.3. Growth and Lipid Production
All experiments used 2 L Erlenmeyer flasks (1 L working volume). The cultures
were aerated (75 mL min−1) using the above specified filter-sterilized gas mixture. The
incubation temperature was 25 ◦C. All inocula were prepared identically (Section 2.2).
The cell concentration after inoculation was always ~50 mg L−1. A 16 h/8 h light-dark
cycle was used. The light level at the surface of the culture flasks was always 130 µmol
photons m−2 s−1, as this had been found to be optimal in an earlier study of an unrelated
diatom isolated from the same waters as the present species [4]. The total duration of
all batch cultures was 15 days. The medium was made using filter-sterilized palm oil
mill effluent (POME) that had been diluted with distilled water (100 mL POME mixed
with 900 mL distilled water). Undiluted POME was not be used because its dark brown
color interfered with light penetration in the culture medium [9]. The composition of
diluted POME is shown in Table 1. This diluted POME was supplemented with NPK
20-10-10 commercial fertilizer (75 mg L−1). NPK 20-10-10 contained (by wt) 20% N, 10%
P2O5 equivalent and 10% K2O equivalent. Thus, the actual nutrient levels contributed
by NPK fertilizer to the basal culture medium were: 15 mg N L−1, 3.3 mg P L−1 and
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6.2 mg K L−1. Further nitrate (1–2 mg L−1, as NaNO3), phosphate (5.5–7.5 mg L−1, as
NaH2PO4·H2O) and silicate (7.5–9.5 mg L−1, as Na2SiO3·9H2O) were added to the basal
medium in different experiments. The concentrations specified here were in addition to the
nutrients already present in POME (see Table 1). These concentration ranges were selected
to span the levels that had been found to be optimal in a POME-based medium in studies
with a different diatom [4]. A one-factor-at-a-time optimization approach [46] was used to
maximize the biomass concentration. All runs were performed in duplicate.
Table 1. Physicochemical characteristics of diluted POME.
Parameter Value
pH 7.3
Chemical oxygen demand (COD, mg L−1) 1480 ± 19
Total suspended solids (TSS, mg L−1) 71 ± 7
Ammonium (mg L−1) 11.1 ± 0.5
Phosphate (mg PO3−4 L
−1) 5.5 ± 0.2
Nitrite (mg NO−2 L
−1) 1.3 ± 0.3
Nitrate (mg NO−3 L
−1) 3.1 ± 0.7
Lipid bodies in the diatom were visualized by fluorescence microscopy of Nile red
stained cells. For staining, the culture suspension (4 mL) was mixed with 0.04 mL of Nile
red solution (0.5 µg mL−1 dissolved in dimethyl sulfoxide) by inversion in a plastic cuvette
and allowed to stand for 30 min at 25 ◦C. Samples were observed using a fluorescence
microscope (Olympus BX53 fluorescence microscope; Olympus, Tokyo, Japan). Excitation
and emission wavelengths were 530 and 580 nm, respectively.
2.4. Determination of Dry Cell Mass Concentration and the Specific Growth Rate
The final biomass concentration (day 15 of batch culture) was measured gravimetri-
cally. For this, a precisely known volume of the culture sample was centrifuged (9000× g,
10 min) and the cell pellet was recovered. The cells were rinsed twice by resuspending
in distilled water and then recovered by centrifugation [52,53]. The recovered pellet was
dried (~30 ◦C) to constant weight under vacuum and weighed. The measured mass of
the dried cells and the initial volume of the culture sample were used to calculate the dry
biomass concentration [52].
For plotting the growth curves, the dry cell mass concentration was estimated by
measuring the optical density of the cell suspension diluted with fresh medium such that
the measured optical density at 750 nm was 0.4, or less [53]. The measured optical density
(OD750) and the dilution factor were used to calculate the dry cell mass concentration
(Cb) by comparison with a standard plot of Cb versus OD750. This plot had been made by
measuring the OD750 values of serial dilutions of a sample of the culture broth with a cell
dry mass concentration that had been precisely determined by gravimetry, as explained
above. The equation of the standard curve was: Cb (mg L−1) = 406.414 × OD750. The data
fitted the standard curve with a correlation coefficient of 0.999 (Figure 1).
The specific growth rate (µ) was calculated as the slope of a plot of ln Cb versus time,
during exponential growth [54].
2.5. Lipid Extraction and Quantification
The lipids were extracted from biomass samples that had been washed and freeze-
dried. The Bligh and Dyer [55] method as previously used for lipid recovery from numerous
microalgae [4,52,54,56,57], was used. Briefly, 0.2 g of freeze-dried biomass was suspended
in a solvent mixture (chloroform 1 mL, methanol 2 mL, deionized water 0.8 mL), vortex
mixed for 2 min and allowed to rest for 4 h at room temperature. More chloroform (1 mL)
was added and the mixture was vortex mixed for 30 s [52]. Deionized water (1 mL) was
added and the suspension was vortex mixed for 30 s. The resulting suspension was
centrifuged (4150× g, 10-min) and allowed to separate into three layers. The top layer of
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methanol/water was discarded [52]. The chloroform layer (the third layer from top) was
recovered. The residual biomass was extracted twice more. Total lipids in the combined
chloroform extract, were determined gravimetrically by evaporating (50 ◦C) the extract in
a preweighed aluminum dish in a fume hood [52]. The mass of the extracted lipid and the
dry mass of the cells used in extraction, were used to calculate the total lipid content of the
biomass (% by weight).
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2.6. Lipid Composition Analysis
The triglycerides in the freeze-dried (Section 2.5) biomass were converted in situ to
fatty acid methyl esters (FAME) and extracted [54]. Thus, 50 mg dry biomass was mixed
with 5 mL of toluene/acidified methanol (1:2 v/v; methanol was acidified by mixing 1.8 mL
concentrated sulfuric acid with 100 mL methanol) and kept at 50 ◦C overnight [54]. This
slurry was extracted three times with 3 mL of hexane each time. The hexane extracts
were pooled and the solvent was evaporated under nitrogen to recover an oily residue.
This oil residue was dissolved in 2 mL hexane for analysis by gas-chromatography-mass-
spectroscopy (GCMS; Agilent 7890A; www.agilent.com, accessed on 1 March 2021). The
sample injection volume was 1 µL and helium was the carrier gas [4].
3. Results and Discussion
3.1. Identification of the Diatom
Diatoms are identified using classification keys based on the structure of their frustule,
including the detail d morphologic l features of the two valves (upper and low r face
of the thecae) [10,11,48–51,58]. Frustule morphology isolated asymmet ic biraphid
diatom was consistent with the data publish d f r Amphora copulata: 12–51 µ in length;
4–10 µm valve idth; 12–18 µm frustule width; 14–16 dorsal striae per 10 µm near center;
16–18 dorsal striae per 10 µm near poles; and 14–17 ventral striae per 10 µm [58]. Valves
were found to be semi-lanceolate to semi-elliptical, with concave ventral margins and
smoothly arched dorsal margin [50]. A fluorescence micrograph and an SEM i age of
the diatom are shown in Figure 2. Based on these morphological features, the isolate was
identified to be Amphora copulata. The diatom proved capable of growth in the standard
f/2 medium formulated with seawater. In addition, it grew well in an identical medium
formulated with diluted filtered POME. Nile red staining of A. copulata showed the cells to
contain lipid bodies (Figure 3), as typically associated with diatoms [59].
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Amphora co ulata is generally viewed as a freshwater diatom [60–62], therefore, its
isolation from a marine coastal environment, as in the present work, may seem surprising.
This apparent discrepancy may be explained by the proximity of the zone of isolation
to the estuary of the river Sungai Baluk, a freshwater body. In other studies, A. copulata
has been frequently isolated from saline environments. For example, it was isolated from
Montevideo Bay on the Atlantic coast of Uruguay, a region near the estuary of the river Rio
de la Plata, where the salinity ranged from 3 to 28 ppt (parts per thousand, or g kg−1) [60].
Seawater salinity is generally in the range of 31 to 38 ppt. Similarly, A. copulata has been
found in Salton Sea, a hypersaline (salinity ~43 ppt in regions away from river mouths)
inland lake in the United States [63] where the real source may have been the rivers that
feed the lake. Isolation of live specimens from saline and hypersaline environments suggest
that A. copulata not only survives in seawater, notwithstanding its freshwater origins, but
actually thrives in seawater-based culture media, as demonstrated during preculture in the
present work (Section 2.2).
3.2. Nutrients Optimization
Concentration of nitrate was optimized first. As POME contained some of the required
N and P (Table 1), and NPK fertilizer also contributed N and P (Section 2.3), only low
levels of supplemental N needed to be tested. In a similar POME-based medium with
NPK, a supplemental nitrate level of 1.8 mg L−1 (as NaNO3) had been earlier found to
be optimal for maximizing lipid production in a different diatom isolated from the same
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coastal zone [4] as A. copulata of the present study. Therefore, the earlier identified optimal
level was used as a guide and the actual supplemental nitrate concentrations spanned this
value. The actual initial supplemental nitrate concentrations were 1.00, 1.25, 1.50, 1.75, and
2.00 mg L−1 (as NaNO3) in different experiments. As there was no other source of silicate,
all media for optimizing the nitrate concentration included silicate at an initial concentration
of 8.5 mg L−1 (as Na2SiO3·9H2O). This value was a little less than the 10.1 mg L−1 (as
specified salt) which had been found optimal for biomass and lipid production in a different
marine diatom isolated from the same coastal zone [4] as A. copulata. Phosphate was added
to obtain an initial concentration of 6.5 mg L−1 (as NaH2PO4·H2O), not accounting for
the P contributed by POME and NPK. This added phosphate level was a little less than
6.8 mg L−1 (as NaH2PO4·H2O) previously identified to be optimal for the above referenced
different marine diatom [4] in a POME-based medium supplemented with NPK exactly
as in the present study. The biomass concentration on the final day of 15-day batch
cultures was measured in media supplemented with different initial levels of nitrate. The
results are shown in Figure 4. The highest biomass concentration occurred in the medium
supplemented with an initial nitrate (as NaNO3) level of 1.75 mg L−1 (Figure 4). Therefore,
this value was taken to be optimal and it was used in subsequent experiments intended for
identifying optimal levels of phosphate and silicate.
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The ammonium (11.1 mg L−1), nitrite (1.3 mg L−1) and nitrate (3.1 mg L−1) in POME
(Table 1) together were equivalent to N concentration of 9.73 mg L−1. Therefore, with the
above specified supplemental nitrate (1.75 mg NaNO3 L−1 ≡ 0.288 mg N L−1) and N from
NPK fertilizer (15 mg N L−1; see Section 2.3), the total N level in the medium was around
25.0 mg N L−1 (1.8 mM).
In the next set of experiments, the initial concentrations of nitrate and silicate were
fixed at 1.75 mg L−1 (as NaNO3) and 8.5 mg L−1 (as Na2SiO3·9H2O), respectively, and
the initial phosphate concentration was varied (5.5, 6.0, 6.5, 7.0, and 7.5 mg L−1, as
NaH2PO4·H2O) in different experiments. The noted range of initial phosphate concentra-
tions spanned a concentration of 6.8 mg L−1 (as specified salt) that had been identified
as optimal for a different diatom in a similar POME-based medium supplemented with
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NPK [4]. The final biomass concentration attained in 15-day batch cultures in media with
different initial phosphate levels is shown in Figure 5. The initial phosphate concentration
that maximized biomass production was 6.5 mg L−1 (as NaH2PO4·H2O) (Figure 5), nearly
the same as the previously identified optimal phosphate concentration for the diatom
Gyrosigma sp. [4].
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PO E provided phosphate at the level of 5.5 mg L−1 (Table 1), equivalent to 1.7 mg P L−1.
The optimal supplemental phosphate concentration (6.5 mg L−1, as NaH2PO4· 2O) corre-
sponded to a P level of 1.5 mg L−1. NPK fertilizer contributed 3.3 mg P L−1. Therefore, the
total P concentration in the medium was around 6.5 mg P L−1 (0.21 mM).
t ti al supple ental phosphate concentration (6.5 mg L−1, s s cifi salt), the
t t l concentrati in the mediu was 6.5 mg P L−1 ( . ). For so e fresh ater
iato s in P-limited growth, the P-content of the biomass was constant for a given species,
but ranged from 0.12 to 0.58% depending o the species [64]. Notwithstanding this, for
a given diatom the P-content of the biomas can l [65,66], and P content
of between 0.9 and 1.3% by weight have been recorded in the biomass of microalgae i
general [ 7,68]. If the biomass was assumed to contain betw en 0.9 and 1.3 ilable
o l support a final biomas concentration of betwe n 50 and 72 mg L−1. s the
t l i i l t t esti t li it (Fi re 5), the
lt re li ely ex erienced borderline P li itation. or a y iato s, the gro th li iting
concentration of P has ranged from 1.3 to 30 µg P L−1 (0.04–0.97 µM) [69,70]. Thus, the
optimal initial P concentration was at least 218-fold greater than the limiting level.
The next set of experiments focused on identifying the optimal initial concentration
of silicate. In these experiments, the initial nitrate and phosphate levels were fixed at
1.75 mg L−1 (as NaNO3) and 6.5 mg L−1 (as NaH2PO4·H2O), respectively, and the initial
silicate concentration varied (7.5, 8.0, 8.5, 9.0, and 9.5 mg L−1, as Na2SiO3·9H2O) in different
experiments. The lowest level of the initial silicate concentration was selected to be less
than the 10.1 mg L−1 (as specified salt), a level that had earlier been found optimal in a
similar medium for the diatom Gyrosigma sp. [4] isolated from the same ecosystem as A.
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copulata of the present study. The final biomass concentration obtained in 15-day batch
cultures in media with different initial silicate levels is shown in Figure 6. According
to Figure 6, the optimal silicate concentration was around 9.0 mg L−1 (as specified salt),
comparable to the previously identified optimal level for Gyrosigma sp. [4].
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Any more nutrients than the identified optimal levels seemed to actually inhibit
biomass production (Figures 4–6). The optimization method focused on providing just
sufficient levels of phosphate, nitrate, and silicate, to ensure maximum final biomass
concentration for the given light level, but not an excess of nutrients that could interfere
with lipid accumulation in the biomass postgrowth. This approach was used because
limitations of one or more f nitrate, phosphate, and silicate, postgrowth, have often
been found to promote lipid accumulation in diatoms [2,4,5,11,47,71–74], for the reasons
discussed in the cited literature.
In conclusion, an optimal medium for maximizing biomass concentration in a 15-
day batch culture (25 ◦C, irradiance of 130 µmol m−2 s−1, 16 h/8 h light-dark cycle)
was the following: diluted POME wastewater (1 L, Table 1) supplemented with NPK
20-10-10 commercial fertilizer (75 mg L−1), nitrate (1.75 mg L−1, as NaNO3), phosphate
(6.5 mg L−1, as NaH2PO4·H2O), silicate (9.0 mg L−1, as Na2SiO3·9H2O), trace metals (as
in f/2; Section 2.2) and vitamins (as in f/2; Section 2.2).
3.3. Biomass Growth in Optimal Medium
The biomass growth curve in the optimal medium is shown in Figure 7. The maximum
biomass concentration was 660 mg L−1 on day 12 (Figure 7) and the final (i.e., day 15)
biomass productivity was 43.3 ± 4.5 mg L−1 d−1. Based on Figure 7, the maximum specific
growth rate during exponential growth was 0.523 d−1. Exponential growth occurs typically
early during a batch culture when all dissolved nutrients are relatively plentiful and light
is above its limiting level because its penetration in the culture is not yet impeded by
self-shading by a high population of cells. The light level (130 µmol m−2 s−1) in the present
Fermentation 2021, 7, 37 10 of 21
work was nonlimiting during exponential growth, as it was higher than the saturation light
levels that have been reported for diatoms (29 to 70 µmol m−2 s−1; [75,76]).
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For 17 diatoms cultured at 20 ◦C under nonlimiting light (irradiance = 200 µmol m−2 s−1;
14 h/10 h light-dark cycle), the doubling time was reported to be in the range of 0.625 to
2 days [79]. Therefore, the specific growth rates were (specific growth rate = (ln 2)/doubling
time) between 0.347 and 1.109 d−1. The specific growth rate of A. copulata (0.523 d−1) in
the present work was closer to the lower end of this range.
Silicon (Si) is necessary to enable diatoms to build the frustule. The silica content of
cells is affected by the culture conditions including Si limitation. In some species, the Si
content per cell may decline under Si-limitation with the cells developing thinner frustules
whereas other species may cease to grow in Si deficiency [80]. Published data suggest
a silicic acid [Si(OH)4] concentration of >20 µM to be a nonlimiting level of Si for most
diatoms at a growth temperature of around 25 ◦C [81]. The identified optimal silicate
concentration of 9.0 mg L−1 (as specified salt) for A. copulata was equivalent to an initial Si
concentration of 31.7 µM that was clearly in excess of the growth limiting concentration
at the beginning of the culture, but certainly declined to below the growth limiting level
towards the end. This could be inferred based on data published for the salt-tolerant
brackish-water diatom Cyclotella cryptica grown at 25 ◦C under constant illumination
(85 µmol m−2 s−1) [73]. This diatom reduced the culture Si concentration from 430 µM to
<3.2 µM while, “still in the exponential phase of growth” [73]. The specific growth rate
of C. cryptica in Si replete culture was 1.24 d−1 [73]. In most batch cultures, exponential
growth does not persist for longer than 4 days because of the light limitation caused by
self-shading by the cells as the population increases. Therefore, C. cryptica consumed
~427 µM silica in under 4 days. In the present work, the starting concentration of Si was
~7% of the starting concentration used by Roessler [73] whereas the culture ran for 15 days,
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well past the exponential growth phase. Therefore, there is good reason to assume that Si
was exhausted much earlier than day 15. On a per cell basis, marine diatoms on average
contain much less silicon than freshwater diatoms [82]. A. copulata is a freshwater diatom
whereas C. cryptica is generally considered to be a marine species. Therefore, for otherwise
similar initial culture conditions and growth rates, A. copulata can be reasonably expected
to consume available Si faster than C. cryptica.
Models of Si-dependent growth suggest that diatoms starved of Si release increasing
amounts of dissolved organic carbon because the cell growth is slowed more rapidly
compared to the rate of degradation of photosystems [83]. This loss of organic carbon from
the cells may explain the decline in biomass concentration seen in Figure 7 after day 12,
although the onset of Si-limitation certainly occurred much earlier as explained above.
Silicon content of a given diatom can vary tremendously, depending on growth
conditions. For some freshwater diatoms in Si-limited growth, the Si content in the biomass
was found to remain constant: depending on species, the Si content ranged from 1.8 to 14.9%
of the dry biomass [64]. If these values are used as a guide, production of 660 mg biomass
L−1 as in Figure 7, should require between 11.9 and 98.3 mg Si L−1. The identified optimal
silicate concentration (9.0 mg L−1, as Na2SiO3·9H2O) was equivalent to 0.9 mg Si L−1 and,
therefore, the culture was already Si-limited at the start with a biomass concentration of
~50 mg L−1 around day 3 (Figure 7). For a given species, the Si content per cell can vary
by 7-fold, or more, depending on growth conditions [84] without any apparent ill effects.
Therefore, growth can continue at limiting Si levels with a reducing average Si content
per cell.
Uptake of silicic acid (Si(OH)4) from the culture medium requires metabolic en-
ergy [85]. In freshwater diatoms such as Nitzschia alba, membrane-mediated Si-uptake
system follows Michaelis-Menten type saturation kinetics with a Si(OH)4 half-saturation
constant of around 4.5 µM at 30 ◦C [85]. This was equivalent to a silicate concentration of
0.34 mg L−1. This suggests a growth limiting level of Si to be around 9 µM, or ~0.7 mg
silicate L−1. In other work, half-saturation constants for silicate uptake have ranged from
0.7 to 2.3 µM [70,86–89], equivalent to a mass concentration range of 0.05 to 0.18 mg silicate
L−1. Based on this analysis, the cultures in Figure 7 were Si-limited well before day 15.
Frustule development may be inhibited in spite of Si-sufficiency, if N is limiting,
and possibly also under phosphate limitation. This is because long-chain polyamines
are required for the silicification process [90], and synthesis of these N-rich polymers is
unlikely to occur in media with insufficient nitrogen. Furthermore, silica polymerization by
long-chain polyamines needs the presence of polyanions such as phosphate or pyrophos-
phate [90], thus phosphate limitation may interfere with frustule development irrespective
of the availability of N and Si. In the present work, the cultures were limited at least by
N and Si and this suggests that the diatom had thinner frustules and less Si per cell than
what might be possible for this species in nutrient replete growth.
Nitrogen is required for the synthesis of essential cellular components including DNA,
RNA, protein, and chlorophyll. Normal growth cannot occur in the absence of nitrogen, but
elemental composition of the biomass can vary a lot depending on the nutrients available
and other environmental factors [65,66]. For four freshwater diatoms, the N content of the
biomass grown under N-limiting conditions was 4.2 to 6.7%, depending on species [64],
but N-content can approach 12% of dry mass in a nonlimiting medium [4]. Thus, for a
maximum biomass concentration of 660 mg L−1 as in Figure 7, the N requirement for
nutrient sufficient growth could range from 27.7 to 79.2 mg N L−1. The actual N available
in the medium was around 25.0 mg L−1. Therefore, the culture was evidently N-starved in
latter stages of growth (Figure 7). Thus, the effects of N, P, and Si on diatom growth are
interdependent. Growth slows, or ceases, under N-limitation [83] irrespective of whether
excess P and Si are available. As previously noted, inorganic nutrient starvation in latter
stages of a culture favors lipid accumulation [2,4,5,11,45,47] in the biomass so long as
carbon is plentiful.
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In the present work, carbon was always in excess because carbon dioxide was bubbled
continuously and dissolved organic carbon was provided as COD (Table 1). Chemical
oxygen demand (COD) is the mass of molecular oxygen required to oxidize the dissolved
organic carbon to CO2 in a given volume of effluent. As each mole of molecular oxygen is
equivalent to a mole of elemental carbon, in terms of elemental C, the dissolved carbon
concentration in POME was 555 mg L−1 for the measured COD level (Table 1). In terms
of glucose equivalents, the measured COD corresponded to a glucose concentration of
1.4 g L−1. Dissolved organic carbon likely reduced the consumption of carbon dioxide
relative to a purely photoautotrophic culture.
In the final medium, POME partly substituted for the expensive high-grade water. In
addition, it provided all the dissolved organic carbon, ~39% of the N and ~26% of P.
3.4. Lipid Content and Productivity
At harvest (day 15, Figure 7), the total lipid content of the A. copulata biomass was high
(39.5 ± 4.5% dry wt basis). For comparison, under optimized conditions, A. subtropica was
reported to have only 19% lipids in the biomass [91]. Lipid content of several other diatoms
especially Amphora spp., are shown in Table 2. Although few Amphora spp. have been
investigated, many of them seem to be able to accumulate high levels of lipids (Table 2).
Compared to many of the diatoms in Table 2, A. copulata had a higher lipid content in the
biomass, but A. exigua could accumulate more lipids under certain conditions. Only 8 of the
26 diatoms in Table 2 accumulated more lipids than A. copulata under suitable conditions.
Table 2. Lipid content of some diatoms.
Diatom Lipids in Biomass (%, w/w) Reference
Amphora angusta 21.4 [92]
Amphora arenaria 24.7 [92]
Amphora bigibba 34.3–39.2 [93]
Amphora coffeaeformis 36.2 [94]
Amphora copulata 39.5 This work
Amphora exigua 33.2–45.0 [93]
Amphora exigua 18.1 [95]
Amphora exigua 32.1 [92]
Amphora graeffii 24.4 [92]
Amphora subtropica 19.0 [91]
Amphora sp. 19.3 [95]
Caloneis platycephala 38.4–42.0 [93]
Chaetoceros muelleri 31.0–35.2 [93]
Cocconeis scutellum 30.2–33.4 [93]
Cyclotella cryptica 19.8–28.3 [73]
Cylindrotheca fusiformis 23.9 [56]
Cylindrotheca sp. 31.3–35.0 [93]
Gyrosigma sp. 70.7 [4]
Melosira nummuloides 32.8–33.2 [93]
Navicula lyra 37.6–42.1 [93]
Nitzschia grossestriata 33.2–41.5 [93]
Nitzschia panduriformis 32.6–39.9 [93]
Phaeodactylum tricornutum 31.5 [96]
Phaeodactylum tricornutum 20.1 [95]
Seminavis gracilenta 36.0–43.0 [93]
Skeletonema costatum 36.9–41.4 [93]
According to the literature, diatoms do not always have a high lipid content. For
example, for 17 isolates the lipid content ranged between 7.6 and 42.0% [79]. In a different
study of 11 diatoms, lipid in the biomass was found to range between 10.2 and 38.8% [95].
Lipid level in A. copulata biomass was higher than in 94% of the 17 isolates reported by
d’Ippolito et al. [79] and all the 11 species reported on by Orcutt and Patterson [95]. The
maximum lipid level in diatom biomass has generally been <45% [97], although higher
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levels (e.g., 69%) have been reported occasionally [4,97]. Growth conditions influence lipid
content, as noted previously.
For 25 diatoms grown at identical conditions (18 ◦C, 400 µmol m−2 s−1 light level,
salinity of 30 g kg−1), the lipid content in the biomass ranged between 17.3 and 34.5% of
biomass dry weight [92]. The average lipid content for the 25 species, was 24.5% [92]. Thus,
a lipid content >24.5% in a diatom should be viewed as above average. Sixteen percent of
the 25 species examined by Scholz and Liebezeit [92] were well above average (lipid content
>30%) in their lipid content, despite the culture conditions not having been optimized for
lipid accumulation. In the present work, A. copulata had a higher lipid content than the
25 species reported on by Scholz and Liebezeit [92]. This was attributed to the nutrient
limited conditions that occurred towards the end of the A. copulata culture.
Lipid accumulation is a well-known response in diatoms and other microalgae sub-
jected to nutrient starvation [2,4,5,11,45,47,71–74]. For example, under nutrient-sufficient
conditions optimized for growth, a lipid content of up to 19% (by dry wt) was reported in
the marine diatom Amphora subtropica [91], but this could be raised to 53% by P starvation
after nutrient-sufficient growth [71]. Silicate starvation also promotes lipid accumula-
tion [45,72]. Limitation of Si, P and N either individually, or in combination, arrests growth
as one or more of these elements are required for synthesis of DNA, RNA, structural lipids,
chlorophyll and cell frustule. However, neutral lipids such as triglycerides which do not
contain Si, P and N in their molecules continue to be produced so long as carbon and
energy are available. This explains the often observed accumulation of neutral lipids under
nutrient limiting conditions. In the present work, carbon was always available because of
continuous sparging with carbon dioxide. In addition, more energy was potentially avail-
able compared to an equivalent photoautotrophic culture because some of the energy could
be obtained through heterotrophic oxidation of the dissolved organic carbon in POME
(COD in Table 1), if such a capability existed. The metabolism was likely mixotrophic
during the light period and heterotrophic in the dark. In other work, many diatoms have
been shown to utilize dissolved organic carbon [13,14,27,96] and certain Amphora species
have been specifically shown to use heterotrophy [16–21]. Heterotrophic and mixotrophic
cultures have been shown to also enhance the lipid content of the biomass at least in some
cases, compared to photoautotrophic growth [97].
Although a high lipid content in the biomass is wanted because it simplifies lipid
recovery in commercial operations, this must be combined with a relatively rapid growth
of the biomass to reduce production time. A parameter that combines the lipid content of
the biomass and its growth rate, is lipid productivity [3,98]. Lipid, or oil productivity is
commonly used in comparing the production potential of different species. Biomass and
lipid productivities of some highly productive microalgae are shown in Table 3.
The A. copulata lipid productivity (day 15, Figure 7) was 17.1 ± 0.3 mg L−1 d−1. This
was comparable to several of the other diatoms (i.e., A. coffeaeformis, A. subtropica, Cylin-
drotheca fusiformis; Table 3), although about 25–50% less compared to the diatoms Gyrosigma
sp. and Phaeodactylum tricornutum. Oil productivity of A. copulata was far greater than data
cited by d’Ippolito et al. [79] for all of the 17 diatom isolates which had productivities in
the range of 0.2–7.3 mg L−1 d−1. This may be partly ascribed to the fact that these data [79]
were not obtained under conditions optimized specifically for lipid production, although
nutrient limitation was shown to enhance lipid productivity to >20 mg L−1 d−1 in the
brackish-water diatom Cyclotella cryptica [79]. In outdoor photobioreactors in a subtropical
climatic region of China, an average annual biomass productivity of 100–150 metric tons
ha−1 was observed for certain diatoms over a multiyear span [99], but the lipid content of
the biomass was relatively low (15–20% by wt) and economic production of biofuels from
it did not prove feasible.
Compared to A. copulata and the other diatoms, several of the microalgae in Table 3
displayed higher lipid productivities. These may be attributed partly to continuous il-
lumination used in growing them: at identical irradiance levels and culture lengths, a
16 h/8 h light-dark cycled culture as in the present work, would receive at least 30% less
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light compared to a continuously illuminated culture. In any case, a practicable low-cost
large-scale cultivation process must use the freely available sunlight [32] and, therefore,
a natural light-dark cycle cannot be avoided. Although a light-dark cycle was used for
growing A. couplata, growth was likely partly heterotrophic and mixotrophic because of
the dissolved organic carbon in the culture medium. This also applied to the data shown in
Table 3 for Gyrosigma sp. [4]. In contrast, most of the other microalgae in Table 3 (i.e., A.
coffeaeformis, A. subtropica, C. vulgaris, C. minor, C. fusiformis, N. gaditana, N. oculata, N. salina,
Neochloris sp., P. tricornutum, and P. simplex) were grown purely photoautotrophically, and
their oil productivity would likely increase greatly in heterotrophic or mixotrophic growth
as has been demonstrated for some of them [14,54,100–102].
Table 3. Biomass and lipid productivities of some microalgae.
Alga Biomass Productivity(mg L−1 d−1)
Lipid Productivity
(mg L−1 d−1) Reference
Amphora coffeaeformis 1 43.0–71.0 7.6–21.9 [94] 6
Amphora copulata 2 43.3 17.1 This work 6
Amphora subtropica 1 100.0 19.0 [91] 7
Chlorella vulgaris 3
(seawater)
111.0 37.1 [52] 7
Chlorella vulgaris 3
(freshwater)
120.0 18.3 [52] 7
Choricystis minor 3 351.0 82.0 [53] 7
Cylindrotheca fusiformis 1 50.0 11.4 [56] 7
Gyrosigma sp. 1 34.1 24.1 [4] 6
Nannochloropsis gaditana 4 150.0 30.1 [100] 7
Nannochloropsis oculata 4 ~110 ~35 [103] 6
Nannochloropsis salina 4 60.0 31.4 [56] 7
Neochloris sp. 5 139.0 32.1 [52] 7
Phaeodactylum
tricornutum 1 340.0 27.2–34.0 [104]
6
Pseudococcomyxa simplex 5 127.0 22.9 [52] 7
1 Marine diatom. 2 Freshwater diatom. 3 Freshwater green microalga. 4 Marine microalga (Eustigmatophyceae).
5 Marine green microalga. 6 These studies used a light-dark cycle. 7 These studies used continuous illumination.
3.5. Issues of Optimality
The purpose of identifying optimal compositions of media and the other culture con-
ditions in the controlled environment of the laboratory is simply to establish a benchmark
index of maximum productivity of biomass and lipids. This allows a best-performance
comparison among different algal species and, for a given species, a comparison with the
culture conditions that can be actually implemented. Large-scale algae culture is typically
performed outdoors in open raceway ponds [34,94,105]. In this scenario, influential fac-
tors such as temperature and irradiance unavoidably vary diurnally and seasonally. In
addition, factors such as irradiance vary with depth in a culture system, irrespective of the
incident light level at a given instance. Therefore, implementation of the optimal condi-
tion established in the laboratory, in actual production practice is essentially impossible.
This proviso notwithstanding, optimal media compositions and culture conditions have
traditionally been identified using variation of factors individually while keeping all the
other factors at fixed values. This one-at-a-time variation of factors has been widely and
successfully used [46,106,107], although a more robust alternative employs simultaneous
variation of multiple factors in statistically designed experiments in combination with the
response-surface method [57,91,108,109]. The latter approach is considered superior as it
takes into account the possible interactive effects of factors on performance outcomes, but
the two optimization methods often produce comparable results [46].
In the present work, one-at-a-time variation of factors was used. Only one prior study
with a different but related diatom A. subtropica identified optimal production conditions
using a formal response-surface method [91]. Under the identified conditions (f/2 medium,
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34 ◦C, 21 h light per day, 60 µmol photons m−2 s−1), a 7-day batch culture resulted in a lipid
productivity of 19.0 mg L−1 d−1 (Table 3, row 3). Compared with this, the lipid productivity
in the present study was 17.1 mg L−1 d−1 (Table 3, row 2), i.e., 90% of the value reported in
the cited reference for a closely related diatom [91]. Therefore, the productivity determined
in the present work is credible and nearly as high as the formal optimal identified for a
closely related diatom. Furthermore, of the 11 Amphora (including the present one) listed
in Table 2, the diatom grown in the present work had a lipid content among the top two,
i.e., among the top 18%. All this suggests that the conditions identified in the present work
were close to optimal for lipid production.
3.6. Fatty Acid Profile of the Diatom Lipids
Although much data exists on lipid profiles of various diatoms [8,93,95,110–112],
nothing appears to have been published on lipids of A. copulata. The fatty acid methyl
ester profile of the triglyceride lipids of A. copulata is shown in Table 4. The unsaturated
fatty acids were dominant (55.1% of total fatty acids), comprising mostly monounsaturates
(44.5% of total fatty acids) and only 10.6% polyunsaturated fatty acids (PUFA). The propor-
tion of saturated fatty acids (44.9% of total) was nearly the same as the proportion of the
monounsaturates (Table 4). This was comparable to A. subtropica in which the saturated
and monounsaturated fatty acids comprised 35.7% and 30.4% of the total fatty acids, re-
spectively [91]. Palmitoleic acid was by far the most abundant fatty acid (39.8%) followed
by palmitic acid (31.9%). These two fatty acids have also been found to be dominant in A.
subtropica, where they together comprised 51% of the total fatty acids [91].
Table 4. Fatty acids profiles of Amphora copulata 1 and palm oil.
Fatty Acid (as Methyl Ester) Amount (%, w/w)
A. Copulata Palm Oil 2
Myristic acid (C14:0) 6.8 0.5
Palmitic acid (C16:0) 31.9 40.5
Palmitoleic acid (C16:1) 39.8 0.1
Stearic acid (C18:0) 4.5 5.2
Oleic acid (C18:1) 4.7 43.5
Linoleic acid (C18:2) 2.5 9.3
Linolenic acid (C18:3) 0.6 0.2
Arachidonic acid (C20:4) 3.9 0.0
Eicosapentaenoic acid (C20:5) 3.6 0.0
Tetracosanoic acid (C24:0) 1.7 0.0
Total saturated fatty acids 44.9 46.6
Total unsaturated fatty acids 55.1 53.4
Total monounsaturated fatty acids 44.5 43.6
Total polyunsaturated fatty acids 10.6 9.8
1 Grown in the optimized medium for 15 days. 2 Based on Reference [113].
The total polyunsaturated fatty acid level was low (10.6%, Table 4) compared to 33.9%
reported for A. subtropica lipids [91]. The level of the omega-3 fatty acid eicosapentaenoic
acid (EPA, C20:5) was also relatively low (3.6% of total fatty acids; Table 4) compared to
many diatoms, but similar to 4.2% reported in A. subtropica [91]. Some marine diatoms have
been reported to have high levels of EPA. For example, in the marine diatom Phaeodactylum
tricornutum, the EPA level ranged from 27 to >30% of the total fatty acids [104,114]. Among
PUFA, EPA has often been found to be the most abundant fatty acid in diatoms [8], but
in the present study arachidonic acid level was slightly higher than EPA in total lipids
(Table 4). A. copulata did not produce detectable levels of docosahexaenoic acid (DHA,
C22:6), a long-chain omega-6 fatty acid that is produced by some diatoms [77], although in
general diatoms are poor producers of DHA [8,77,93]. For example, among Amphora spp.,
A. exigua was found to have no detectable DHA during any season whereas A. bigibba had
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~1.5% of total lipids as DHA in winter greenhouses (lower temperature and light compared
to summer) [93].
An earlier study of four diatoms (all grown at 20 ◦C), concluded that the most abun-
dant fatty acids in all cases were C14:0, C16:0, C16:1(n-7) and C20:5(n-3) [8], together
accounting for 67–77% of the total fatty acids [8]. This was generally consistent with the
present work, as the four mentioned fatty acids constituted ~82% of the total fatty acids
in A. copulata (Table 4). The content of the four mentioned fatty acids in total fatty acids
of A. exigua grown in the summer (25 to 34.5 ◦C, comparable to the temperature used
in the present work) were 87.3% [93], similar to the present work, but reduced to 51.5%
during winter (14 to 22.5 ◦C) [93]. Although this was not investigated, temperature and
light level have the potential to alter the fatty acid profile of A. copulata. Notwithstanding
these observations, whether abundance of the four mentioned fatty acids is a general
phenomenon in diatoms is questionable. For example, in A. bigibba, the four mentioned
fatty acids constituted 48.5% of the total fatty acids in winter (temperature = 14 to 22.5 ◦C)
and 57.4% in summer (25 to 34.5 ◦C) [93].
Palm oil is among the most commonly used oils for making biodiesel [115], therefore, a
comparison of A. copulata lipid profile with that of palm oil is of interest as, in principle, algal
oils may be an alternative to palm oil for biodiesel [3,5,29,32,79,116] if some of economic
hurdles are overcome [33].
The relative proportions of saturated, monounsaturated, and polyunsaturated fatty
acids in A. copulata lipid (Table 4) compared closely to palm oil [113]. Other than price,
the fatty acid profile of a triglyceride oil is the key factor in determining its suitability as a
biodiesel feedstock [117]. Based on its lipid profile, A. copulata oil is essentially equivalent
to palm oil and, therefore, it is technically completely satisfactory for making biodiesel.
Notwithstanding this, in terms of economics, A. copulata oil is not competitive with palm
oil as explained here.
During the last 5-years (January 2015 to April 2020) the average price of palm oil
was US$679 per metric ton (Index Mundi, www.indexmundi.com, accessed on 1 March
2021). In comparison, a least-cost scenario estimated a cost of production of €12,600 per
ton (dry basis) for algal biomass in 2012 [118]. In 2020, this translated to around US$15,720
per metric ton after correction for inflation using the European consumer price index
(ECPI2012 = 96; ECPI2020 ≈ 106). If the biomass contained 39.5% lipid, as was the case for A.
copulata, 2.5 tons of biomass would be required for each ton of algal oil, assuming no losses
during recovery. Thus, the cost of the biomass for each ton of oil would be US$2.5 × 15,720,
or US$39,300. This is already ~58-fold higher than the market price of palm oil, while the
costs of extraction of the algal oil from the biomass and its conversion to biodiesel have not
yet been included. If, somehow, the biomass could be produced for US$5000 per ton, i.e.,
around 32% of the above noted cost of production, it will remain prohibitively expensive
for making biodiesel.
Many aspect of economics of production of algal oil have been discussed in the litera-
ture [33,34,118]. Although algal biomass can be produced relatively cheaply in raceway
ponds [34,105] for diverse applications, the cost of production as noted above, is much too
high to allow its use as a source of lipids for biodiesel. According to some estimates, the
acceptable cost of algal biomass for making biodiesel depends on the prevailing price of
crude petroleum [34]. For a biomass with a triglyceride oil content of 40%, and a crude
petroleum price of US$65 per barrel (approximate average price of Brent crude during Jan-
uary 2018 to June 2020), the cost of biomass must decline to well below US$100 ton−1 [34]
for algal biodiesel to begin to make economic sense.
4. Concluding Remarks
In 15-day batch cultures (25 ◦C, 130 µmol m−2 s−1 light level with a 16 h/8 h light-
dark cycle) the biomass concentration of the diatom Amphora copulata was maximized
at 660 mg L−1 on day 13 in a culture medium that contained diluted POME (1 L), com-
mercial NPK 20-10-10 fertilizer (75 mg L−1), nitrate (1.75 mg L−1, as NaNO3), phosphate
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(6.5 mg L−1, as specified salt), and silicate (9.0 mg L−1, as specified salt) and other nutrients
(trace metals, vitamins) at levels found in the standard f/2 medium. With the optimized
levels of nitrate, phosphate, and silicate, the lipid content of the biomass harvested on
day 15 was 39.5 ± 4.5% by dry weight. The predominant fatty acids in the lipid were
palmitoleic acid (31.9%) and palmitic acid (39.8%). The lipid was rich in saturated (44.9%
of total lipid) and monounsaturated fatty acids (44.5% of total lipid), with a moderate level
(<11%) of polyunsaturated fatty acids. The final average productivities of the biomass
and the lipids were 43.3 ± 4.5 mg L−1 d−1 and 17.1 ± 0.3 mg L−1 d−1, respectively. A.
copulata proved to be good in accumulating lipids in the optimized medium. In terms of
the relative levels of total saturated, monounsaturated and polyunsaturated fatty acids,
A. copulata lipid compared closely with palm oil, a feedstock that is commercially widely
used in making biodiesel. Evidence suggests that diatoms such as A. copulata can provide
triglyceride oils that closely resemble some of the commercial vegetable oils in terms of
fatty acid composition.
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